The combination of fluorescent-probe technology plus modern optical microscopes allows investigators to monitor dynamic events in living cells with exquisite temporal and spatial resolution. Fluorescence recovery after photobleaching (FRAP), for example, has long been used to monitor molecular dynamics both within cells and on cellular surfaces. Although bound by the diffraction limit imposed on all optical microscopes, the combination of digital cameras and the application of fluorescence intensity information on large-pixel arrays have allowed such dynamic information to be monitored and quantified. Fluorescence lifetime imaging microscopy (FLIM), on the other hand, utilizes the information from an ensemble of fluorophores to probe changes in the local environment. Using either fluorescenceintensity or lifetime approaches, fluorescence resonance energy transfer (FRET) microscopy provides information about molecular interactions, with Ångstrom resolution. In this review, we summarize the theoretical framework underlying these methods and illustrate their utility in addressing important problems in reproductive and developmental systems.
INTRODUCTION
Optical microscopes were originally developed to image objects that cannot be resolved with the naked eye. The introduction of histological dyes with specific physicochemical characteristics along with sophisticated lenses, polarizers, and prisms expanded the utility of microscopes by enhancing contrast and optimizing resolution close to the theoretical limits. By further optimizing the contrast and utilizing improved image-capture technologies, certain molecular events could be detected, such as the movement of vesicles along cytoskeletal elements in cells, although the structures themselves could not be resolved since they were outside the theoretical diffraction resolution limit of $200 nm (Goodwin, this volume).
The development of fluorescent probes added another dimension to optical microscopy. The first fluorescent probes were originally developed as another class of contrast-enhancing agents that could be used by cell biologists. Many of these fluorochromes had the added advantage that they could either be chemically modified to react with a range of macromolecules, including proteins and polynucleic acids, or could modulate their fluorescence properties in response to environmental changes (e.g., pH, Ca 2þ , membrane potential, etcetera). These fluorescent probes not only enabled localization within particular cellular compartments, but because fluorochromes operate under defined and often narrow excitation and emission wavelengths, multiple probes could be used at once with minimal spectral overlap, thus providing dynamic, low-resolution maps of living cells. With the addition of new microscopic (e.g., confocal) and computational (e.g., deconvolution) strategies to remove out-offocus signal from fluorescent sources, the utility of these probes has become even more powerful. Yet, none of these advances allowed quantitative information to be gleaned below the optical diffraction limit of the traditional fluorescence microscope.
Fluorochromes are essentially spectroscopic probes with defining characteristics that allow them to respond to environmental conditions at molecular scales. Because of this attribute, additional information about particular fluorescent probes can be ascertained by monitoring, for instance, average ensemble changes in fluorescence intensities at specific wavelengths or the lifetimes of those fluorophores following an excitation pulse. Utilizing these properties, optical microscopes can therefore provide information well beyond the resolution limit. Indeed, fluorescence imaging systems allow both temporal and spatial information that was not previously attainable by optical microscopy, resulting in dynamic maps of processes in cells with sub-micron (and even nanometer) and nanosecond precision. Such tools are particularly useful for the developmental and reproductive biologist, who often must monitor rapid changes in cells in response to genetically programmed conditions and/or evolving environmental conditions.
In this review we will first briefly describe the spectral characteristics of fluorescent probes that can be exploited by microscopists to provide information at molecular scales. We will then describe three different microscopic methodologies that take advantage of these properties: fluorescence recovery after photobleaching (FRAP), fluorescence lifetime imaging microscopy (FLIM), and non-radiative fluorescence resonance energy transfer (FRET) . FRAP provides valuable information about the mobility of molecules on surfaces and within cells, and can be used to monitor molecular assemblies and the dynamics of complex domains over time. FLIM monitors the environment around fluorophores by altering the characteristic lifetime of those molecules. And FRET monitors the direct interaction of two fluorophores when they come within nanometer distances of one another.
ESSENTIALS OF FLUORESCENCE SPECTROSCOPY
Before delving into the three methodologies that will be discussed in this review, it is important to understand the fundamental spectroscopic properties of fluorescent probes that can be exploited to extract information on a molecular scale. Beyond the properties that allow for the visible detection of specific molecules within cellular compartments, the characteristic physicochemical properties of fluorochromes allow one to monitor changes in molecular dynamics and interactions as well as changes in the local environment. It is precisely these properties that are exploited in the design and revision of many of probes that are useful for following cellular and molecular in a wide range of developmental systems.
Although many molecules absorb light at specific wavelengths, only a few are capable of fluorescence emission. Molecules that absorb light and lose energy within the singlet ground state (S 0 ), through vibration or rotation, are not capable of fluorescence. In contrast, fluorescent probes first absorb ultraviolet or visible light, resulting in an electron being promoted to a higher energy level (typically either S 1 or S 2 ). For those molecules that possess a large separation between the excited-state vibrational-energy levels and the ground-state vibrational-energy levels, energy is lost through a combination of vibrational relaxation to the lowest vibrational-energy level in the first excited state plus the emission of a photon as the electron returns to the ground state (Fig. 1) . Molecular fluorochromes therefore absorb photons of higher energy (lower wavelength) than the photons they emit, a property known as the Stokes shift. Because there is always a probability of excitation and emission at various wavelengths, a spectrum of excitation and emission wavelengths that generally mirror one another are found in a large number of fluorochromes (Lakowicz, 2006) . The width of these excitation and emission spectra, along with the overlap between those spectra, necessitates the use of various filters or other wavelength-selection devices (e.g., diffraction gratings, acousto-optical devices, light emitting diodes, etc.) to more precisely control the wavelengths of light that are used for excitation or collected for emission.
Once a fluorochrome absorbs a photon and sends an electron into an excited state, the molecule can experience a number of different fates. Most frequently, the electron first returns to the lowest vibrational energy state and then emits a higher wavelength photon. This entire process typically occurs on the order of nanoseconds, with the return of the electron from the lowest vibrational state of the first excited state to the ground state constituting the rate-limiting step (in contrast, the processes of photon absorption and vibrational relaxation are on the order of femtoseconds and picoseconds, respectively). The fluorescence lifetime is, therefore, the specific fluorochrome-dependent period that the molecule spends in the excited state before decaying back to the ground state. Fluorescence lifetime reflects both the average time required for a longer-wavelength photon to be
emitted following absorption of the excitation photon as well as slower competing processes that contribute to that lifetime, including solvent effects, changes in environmental parameters (e.g., pH, ionic strength, etc.), and other possible spectroscopic transitions between the excited and ground states (Lakowicz, 2006; Chang et al., 2007) . Consequently, fluorescence lifetime is a powerful and exquisitely sensitive parameter for monitoring a number of critical phenomena, including intra-and inter-molecular associations as well as probing both intra-and extra-cellular environments.
There are two important ramifications of having a fluorochrome in a transient excited state. First, the excited molecule experiences a charge polarization that results in the creation of an electric dipole. This dipole can then interact with other molecules, at which point it can either lose energy by donating its emitted photon to those molecules or by non-radiatively inducing a dipole on another nearby molecule. In the rare case when there is direct absorption of an emitted photon by another fluorophore, there is no change in the lifetime of the fluorochromes. In the case of a dipole-induced dipole interaction, however, the resulting loss in energy manifests itself as a decrease in donor fluorescence lifetime as well as a quenching of donor fluorescence intensity and the appearance of the acceptor molecule fluorescence emission, known as ''sensitized emission.'' This non-radiative process, known as FRET (originally for F€ orster resonance energy transfer, but more commonly for fluorescence resonance energy transfer), is useful to microscopists and will be expanded on later in this review. Another consequence of the excited state is the molecule's possible transition into a transient, excited triplet state, which is longer-lived and allows the fluorophore to react with other molecules in the environment, including molecular oxygen (which is a triplet in its ground state); if the free radical reacts, the electronic resonance configuration of the fluorochrome is altered and the photon emission is quenched. Irreversible quenching, resulting from the covalent modification of a fluorochrome, results in a condition known as photobleaching, which is the basis for FRAP.
FLUORESCENCE RECOVERY AFTER PHOTOBLEACHING The Fundamentals
A number of techniques have been developed to monitor the behavior of molecules in solution and in cells that represent, for example, molecular interactions, molecular mobility, and chemical kinetics. Three of the methodologies that are commonly employed include single molecule tracking, (SMT), fluorescence correlation spectroscopy (FCS), and FRAP. SMT methods allow the direct measurement of biological events at the level of single fluorescent molecules, without interference from the average signal from a surrounding ensemble of fluorescent molecules (MartinFernandez and Clarke, 2012; Kusumi et al., 2014) . Similarly, FCS is a powerful, but complex, technique that measures the spatialÀtemporal correlation of individual molecules with themselves; this method complements single-molecule measurements (Elson, 2011) . Both SMT and FCS have proven to be powerful tools for probing cellular domains and both are critical to the development of superresolution microscopy methods. Unfortunately, both methods require specialized equipment and expertise, and are generally applicable when the concentration of very bright absorbed by fluorochromes undergo a number of different processes, including the emission of a photon (hn F ) of lower energy than the photon that is absorbed (hn A. ). S 0 and S 1 are the ground and first-excited electronic states, respectively, and the horizontal lines represent different vibrational states of the fluorochrome. In condensed phases, following light absorption (hn A ), almost all molecules rapidly relax to the lowest vibrational state of S 1 , from which molecules return to the ground state via one of two decay processes: non-radiative or radiative decay. The radiative decay rate (G) depends on the electronic properties of an isolated fluorochrome. Molecular interactions, such as dynamic (or collisional) quenching and energy transfer, are treated in the non-radiative decay rate (k). Radiative decay is responsible for fluorescence emission (hn F ), providing detectable photons. k q , bimolecular quenching constant; [Q] , quencher concentration; k T , energy transfer rate constant; k j , rate constant for non-radiative processes other than dynamic quenching and FRET fluorophores is small (Martin-Fernandez and Clarke, 2012) . As a result, FCS and SMT are extremely powerful techniques for monitoring diffusion at very low fluorophore concentration. In contrast, FRAP is an ensemble method that is applicable for a wide range of biological phenomena utilizing physiologically relevant concentrations of fluorophores.
FRAP, originally introduced as ''fluorescence photobleaching recovery,'' is commonly used for studying the dynamics of fluorescent molecules in living cells (Cardullo et al., 1991; Mullineaux and Kirchoff, 2007; Carisey et al., 2011) . The technique was initially used to monitor the lateral diffusion of fluorescent probes on cell surfaces (Axelrod et al., 1976a; Koppel et al., 1976; Schlessinger et al., 1976 )À Àe.g., to quantify the lateral diffusion coefficient of acetylcholine receptors in developing chick myotubes (Axelrod et al., 1976b) . Subsequent studies used the technique to monitor the mobility of both membrane lipids and proteins in a variety of cell types (Schlessinger et al., 1977; Lakowicz, 2006; Mullineaux and Kirchoff, 2007; Waters, 2007) . The technique is now routinely used to qualitatively and quantitatively monitor molecular dynamics both on cell surfaces and within the cytoplasm. For example, FRAP has been used to measure the rate and extent of molecular mobility, the presence of binding interactions, and how these properties are affected with different treatments. These kinetics data are then quantified by analyzing the resulting fluorescence-intensity recovery curve versus time (Waters, 2007) .
As described previously, fluorescent molecules are generally susceptible to photobleaching, which, even under low-excitation light intensities in a fluorescence microscope, results in the signal fading over time. Photobleaching is dramatically accelerated as the excitation light intensity increases; in the presence of an intense laser source, complete photobleaching can occur on the order of milliseconds. FRAP takes advantage of the rapid and irreversible photobleaching of fluorescently labeled molecules within a region of interest using a laser tuned to an appropriate wavelength for short durations of time (typically less than 20 msec). Following the light pulse, fluorescence intensity is monitored in an area around and including the region of interest using a low-intensity light source to monitor the movement of photobleached and fluorescent molecules over time (Fig. 2) . FRAP yields two quantitative parameters: the percent recovery measures the fraction of molecules in the photobleached area that are mobile while the recovery-rate constant is a measure of the speed at which molecules move in and out of the bleach area (this rate constant is related to the diffusion coefficient). The recovery-rate constant can also yield information related to binding interactions within the region of interest, with different rates indicating molecular interactions within that region.
Originally, FRAP involved the use of a photomultiplier tube that quantified the recovery as average fluorescence intensity over time within the bleach area and restricted to the region of interest, necessitating the derivation of a bestfit equation for the recovery data based on basic diffusion theory that allowed for accurate determinations of diffusion coefficients and percent recovery (Axelrod et al., 1976a; Koppel et al., 1976) . With the advent of video (and then digital) cameras coupled with image processing methodologies to collect fluorescence intensity data over large areas, researchers were able to monitor events over extended distances and longer periods of time, allowing them to look at processes of interest to cell and developmental biologists (Cardullo et al., 1991) . The availability of green fluorescence protein (GFP) and its analogs has now made FRAP widely available to a range of biologists who want to study protein dynamics in living cells without having to extrinsically label proteins of interest (Axelrod et al., 1978; Hiraoka et al., 1987; Mullineaux and Kirchhoff, 2007) .
Limitations of FRAP
The possibility of photoswitching has been proposed as a limitation to the use of FRAP to determine molecular mobility. Photoswitching is a form of reversible photobleaching, where instead of the fluorescent molecule losing its fluorescence permanently, the fluorescent molecule can regain its fluorescence after a period of time; the time required to regain fluorescence may interfere with the recovery period when the rate of diffusion is measured during FRAP. Photoswitching has been reported for GFP and its derivativesÀ ÀCFP, YFP, mCherry, TagRFP, and mTFPÀ Àalthough a variety of studies report a less than 15% chance that photoswitching will occur under routine experimental conditions (Dayel et al., 1999; Sinnecker et al., 2005; Mueller et al., 2012) .
Another concern with FRAP is the possibility of localized heating by the laser. For this reason, the bleaching event itself, which occurs using a high-power light source, is generally restricted to 20 msec or less, thereby minimizing localized heating (Axelrod, 1977) . Heating effects are minimized when following membrane dynamics since the aqueous reservoir surrounding the photobleached fluorophores (restricted to the narrow depth of focus of the surface) is sufficient to absorb the effects the heating over short periods of time, but can pose a potential problem in the cytoplasm, where the laser profile impacts a larger volume.
Although useful for many applications related to developmental biology, care must be taken to fully understand all of the parameters that affect reproducible recovery behaviors in or on cells. Information about the bleach geometry, bleach depth, bleach pulse time, and bleach volume can significantly alter results, especially when determining quantitative values of diffusion coefficients and percent recoveries (Davoust et al., 1982; Munnelly et al., 1998) . When working over long time periods under changing cellular conditions, such as during development, it is imperative that the experimental and imaging parameters remain unchanged so that accurate comparisons can be ascertained. Such considerations are particularly important when confocal microscopes are used in photobleaching and photoactivation studies within cells due to the complex hourglass geometry of the bleach profile in the z-direction, which is difficult to model, resulting in confocal determinations of molecular dynamics in cells a qualitative, but not a
quantitative, exercise. An exception is the use of twophoton FRAP, which provides a well-defined bleach volume that yields accurate diffusion measurements in three dimensions (Brown et al., 1999; Waharte et al., 2005) .
FRAP Microscope Setup
The components of a FRAP experimental setup include: a fluorescence microscope (epifluorescence or confocal), a laser, an additional light source (when cameras are used instead of photomultiplier tubes), a fluorescence intensity detector, and the use of an appropriate fluorescent probe (Mullineaux and Kirchhoff, 2007; Waters, 2007; Carisey et al., 2011) . In many cases, and when it is practical, a confocal microscope is preferred because out-of-focus light is removed from the resulting image (Waters, 2007) , although the use of a confocal in three-dimensional situations makes precise quantitation of diffusion coefficients unrealistic due to the hourglass shape of the bleach profile (see previous section).
In early FRAP microscopes, photomultiplier tubes (PMTs) were used to measure the fluorescence intensity as a function of time within the bleached spot (Lakowicz, 2006) . A PMT setup requires the light source to be a laser that can switch between high (photobleaching) and low (monitoring) intensities (Mullineaux and Kirchhoff, 2007) . With the development and availability of charged-coupled devices (CCDs), however, current FRAP microscopes include a CCD in place of the PMT and the imaged region of interest includes areas beyond the original bleach spot (Hiraoka et al., 1987 ). An advantage of employing CCDs over PMTs is that signal intensity data can be collected on Figure 2 . Principles of FRAP. FRAP can be broken down into three steps: Pre-bleach, bleach, and post-bleach. In the pre-bleach step, the entire sample is illuminated using a low intensity light source to obtain a background reference signal. In the bleach step, the molecules within the region of interest are photobleached using a high-intensity laser for a brief period of time (typically less than 20 msec). During the post-bleach step, the sample is illuminated with a low-intensity light source, and the movement of bleached molecules out of the original bleach spot and the movement of fluorescent molecules into the original bleach spot are monitored. The post-bleach step provides information about the fractional recovery (three possibilities are shown), and the diffusion coefficient of the mobile fraction (often taken from the half-time for recovery).
an entire image, allowing dynamic variations in fluorophores mobility inside and outside of the bleached area to be routinely monitored, yielding a more complete picture of molecular structures and processes (Cardullo et al., 1991) .
A wide range of fluorescent probes have been and are still utilized in FRAP studies. The advent of genetically encoded GFP and fluorescent-protein analogs, however, now make these the probes of choice for cellular studies (Sprague et al., 2004; Carisey et al., 2011) .
Applications of FRAP in Reproductive and Developmental Biology
FRAP has been applied to many developmental studies, including the original studies monitoring the behavior of acetylcholine receptors in chick myotubes (Axelrod et al., 1976b) ; the extent of lipid mobility in gametes (Wolf and Voglmayr, 1984; Wolf et al., 1986 Wolf et al., , 1988 ; the distribution and dynamics of galactosyltransferase on the surface of mouse sperm (Cardullo and Wolf, 1995) and ADAM1/ ADAM2 on guinea pig sperm (Hunnicutt et al., 2008) ; and the formation of an acrosomal matrix during spermatogenesis in water strider sperm (Fig. 3) (Miyata et. al., 2011) . Each of these applications are detailed below.
The dynamics of acetylcholine receptors was studied in chick to qualitatively and quantitatively characterize receptor appearance, mobility, and clustering during development (Axelrod et al., 1976a (Axelrod et al., , 1978 Dubinsky et al., 1989) . The qualitative results were used to identify populations of receptors that were either mobile or immobile (Axelrod et al., 1978; Dubinsky et al., 1989) . Quantitatively, FRAP was used to identify differences in diffusion coefficients and percent recoveries within the mobile acetylcholine receptor populations.
FRAP has also been used to monitor the distribution and dynamics of surface b-1,4-galactosyltransferase (GalTase) on mouse sperm under different conditions. Sperm surface GalTase has been identified as a possible zona pellucida receptor that is required for successful fertilization. FRAP was used to monitor the redistribution of GalTase on the sperm surface from the posterior head to the anterior head of mouse sperm, using different monovalent probes that were specific for GalTase under conditions when the enzyme was either cross-linked with bivalent antibodies or not cross-linked in the presence of anti-GalTase Fab fragments (Cardullo and Wolf, 1995) . This study concluded that cross-linking mouse sperm surface GalTase was sufficient to induce its redistribution with a corresponding decrease in the percent recovery, without a change in the diffusion coefficient of the mobile fraction (Cardullo and Wolf, 1995) . In a similar study, the presence of dibutyryl-cAMP was found to increase the mobility of the heterodimeric guinea pig sperm membrane protein ADAM1/ADAM2 (fertilin) more than tenfold in cauda epididymal sperm but not testicular sperm. This result was similar to those found when cauda epididymal sperm were exposed to capacitating conditions (Hunnicutt et al., 2008) .
FRAP has also been used to monitor the incorporation of a flavin adenine dinucleotide (FAD)-associated protein into the acrosomal matrix of sperm from the water strider, Aquarius remigis, during spermatogenesis and spermiogenesis (Fig. 3) (Miyata et al., 2011) . Along with fluorescence polarization microscopy, this study demonstrated that, following meiosis, the FAD-containing protein rapidly accumulates into a rigid matrix that ultimately extends as a $2,500 mm helical structure from base to tip. Prior to its incorporation into the matrix, the fluorophores are freely mobile, but they become increasingly less mobile as spermiogenesis proceeds (Miyata et al., 2011; Ott et al., 2015) .
FLUORESCENCE LIFETIME IMAGING MICROSCOPY The Principles
Fluorescence lifetime is an important molecular characteristic measured in many fluorescence spectroscopy and imaging studies, and has recently been applied to investigate biological processes at the molecular, cellular, and tissue levels (Lloyd et al., 2013a,b) . Fluorescence lifetime refers to the average time electrons spend in the excited state following the fluorophore's absorption of an excitation photon. Fluorophores in the first excited state (S 1 ) can relax to the ground state in several different ways, as illustrated by the Jablonski diagram (Fig. 1) . The overall rate at which the number of excited fluorophores, N(t), decreases is proportional to the sum of the non-radiative decay rate, k, and the radiative decay rate, G , as well as N(t), itself:
This first-order decay behavior results in an exponential time dependence of the population in the excited state:
where the fluorescence lifetime, t, is defined as:
Any process that affects k or G will have an impact on the value of the fluorescence lifetime. A change in the fluorescence lifetime value measured experimentally can report the influence of these processes (Fig. 1 )À Àwhich include dynamic quenching and FRETÀ Àproviding an opportunity to probe a fluorophore's microenvironment. On the other hand, fluorescence lifetime is an intrinsic property of the molecule itself, so it is generally insensitive to intensitybased artifacts in fluorescence experiments, such as optical loss, focus drift, and instability of the excitation source . When more than one type of fluorophore is present (e.g., different fluorophores with distinct intrinsic lifetimes) or the same fluorophore is present in different molecular states (e.g., binding states), the resulting fluorescence will exhibit combined characteristics, giving rise to multiexponential fluorescence decay. When analyzing mixed fluorescence lifetime data, the individual fluorescence decays can be separated and their relative contributions quantified (Lakowicz, 2006) .
Fluorescence Lifetime Imaging
FLIM produces spatially resolved images of fluorescence lifetime, providing another dimension of information (temporal) for visualizing fluorophores as well as an additional source of contrast for fluorescence-imaging applications . FLIM can be implemented in two different experimental domains: time and frequency. The more-intuitive time-domain implementation directly resolves the fluorescence decay waveform following a temporal pulse of excitation light. To measure the frequency domain, on the other hand, continuous sinusoidally modulated excitation and emission light are analyzed to resolve fluorescence lifetime. Both time-and frequencydomain methods (which are equivalent and related by the Fourier transform) have comparable temporal resolution and discrimination, and are compatible with widefield or raster-scanning microscope designs. Choosing which implantation to use, however, depends on the particular application: time-domain FLIM is considered more flexible for large temporal ranges, and is especially apt for longlifetime measurements whereas frequency-domain FLIM is usually better for multi-exponential decay analysis . Comparisons between time-domain FLIM and frequency-domain FLIM are further detailed below and summarized in Table 1 . Time-gated FLIM (Fig. 4A) is one way to achieve timedomain FLIM with both rapid data acquisition and fast image processing. The instrumentation needed for timegated FLIM (Fig. 4A, left panel) separates the light beam from a pulsed laser into two parts by a beam splitter: one part travels to the microscope and serves as the sample excitation light, while the other part serves as a reference. Once the reference light beam is received by the photodiode, it is converted into an electronic signal to mark time. After a delay relative to the receipt of the reference signal, gating of the imaging detector is triggered. By varying the timing delay, a series of the fluorescence emission images following the excitation pulse can be recorded, and the fluorescence decay curves can be reconstructed for each pixel in the image (Fig. 4A, right  panel) . The lifetime value of the fluorochrome can then be determined pixel-by-pixel using different methods. With single-exponential decay, rapid lifetime calculations can be performed with a minimum of two detection gates (Bugiel et al., 1989; Wang et al., 1991; Sharman et al., 1999) , although more gates can be used to enhance data robustness relative to the noise (Cubeddu et al., 2002; Chang et al., 2007; Zhong et al., 2007; Chang and Mycek, 2010a,b, 2012a,b) . For multi-exponential decays, the data can be fitted non-linearly with least-squares or maximum likelihood methods .
Another useful and commonly implemented experimental approach to time-domain FLIM is via time-correlated single photon counting (TCSPC) (Bugiel et al., 1989; Ghiggino et al., 1992; B€ ohmer et al., 2001; Becker et al., 2002) . In this approach, the fluorescent sample is excited by a relatively weaker light source such that the rate of detecting emitted single photons is only 1À2%. The timing at which these single photons are received is then recorded to build up a histogram, which represents the fluorescence decay waveform (see equations (1) and (2)). This is performed at every single pixel to reconstruct a FLIM image. The reconstruction of TCSPC images often involves non-linear least-squares fitting since tens to hundreds of points on the decay curve (i.e., bins in the histogram) are acquired. This implies higher robustness in multi-exponential lifetime determination processes compared to timegated FLIM, since decay curves are better resolved temporally, but comes with the caveat of longer data acquisition time, especially since it is usually implemented with a raster-scanning microscope. Interestingly, recent studies pointed out the feasibility of widefield TCSPC with potentially much higher data acquisition speeds (Hirvonen et al., 2014) . The TCSPC-decay curve-fitting process still requires significant analysis time, but ''virtual'' gating could be applied to greatly reduce the time required while also improving the precision of lifetime determination (see below; readers interested in more details on TCSPC data analysis, including the correction of potential decay curve distortion, are referred to book chapters by Becker (2005) ; Lakowicz (2006); ).
Frequency-domain FLIM designs are compatible with widefield microscopy (Fig. 4B) as well as confocal microscopy (Booth and Wilson, 2004) . The excitation light source is sinusoidally modulated, resulting in sample emission that is sinusoidally modulated at the same frequency, but shifted in phase with a reduced modulation depth (i.e., demodulation, or M(x) in Figure 4B , with a value of 0À1). Both phase shift and demodulation can be used to calculate fluorescence lifetime, with different lifetimes exhibiting different optimal modulation frequencies. Multiple (>10) modulation frequencies are usually required to better resolve multi-exponential fluorescence decay, unless the ''phasor'' approach is used. As a general rule, the optimal frequency is approximately the reciprocal of the lifetime. For example, typical biological fluorophores, such as cellular NAD(P)H and extracellular collagen, with lifetimes of few nanoseconds, require excitation sources modulated at 1À200 MHz . For samples exhibiting multi-exponential decay in frequency-domain FLIM, on the other hand, modulation lifetimes at a single frequency are longer than phase lifetimes. This can be understood by analyzing the data with the ''polar plot'' (or ''phasor'') method, which has been used as a visual aid for frequency-domain FLIM, and has been reported for singlefrequency measurements of samples exhibiting multiple fluorescence lifetime (Clayton et al., 2004; Redford and Clegg, 2005) . The analysis is performed by observing clustering of pixels in specific regions of the phasor plot, providing a global view of FLIM images. Since every molecular species is located in distinct regions on the phasor plot, they can be easily identified; this analysis approach makes the interpretation of FLIM data accessible to non-experts (see Fig. 8 for an example).
Challenges of FLIM
Recently, advanced approaches to FLIM analysis have been developed to address specific challenges inherent to biological-imaging applications. In live-cell FLIM applications, video-rate or low-light imaging may be required to capture the dynamics of interest or to reduce potential perturbations to living cells; unfortunately, the precision of FLIM measurements may be compromised under such conditions. One way to circumvent this problem in timegated FLIM is to optimize the gating parameters, including both the timing and the temporal-width of the gating (Sharman et al., 1999; Elson et al., 2004; Chang and Mycek, 2010a,b) . Interestingly, optimal gating can also be applied to TCSPC FLIM, utilizing virtual gating to improve the precision of recovered fluorescence lifetimes as well as to significantly shorten the data processing time (Chang and Mycek, 2010b) . As for frequency-domain FLIM, optimization has also been developed for high-throughput applications (Esposito et al., 2007) .
While optimal (virtual) gating improves FLIM in the temporal dimension, image noise removal (or ''denoising'') takes advantage of the spatial correlation of image pixel intensities. Wavelet analysis is a commonly employed method used for restoring fluorescence microscopy images Vonesch and Unser, 2009 ) and for denoising frequency-domain confocal and widefield FLIM images (Buranachai et al., 2008; Spring and Clegg, 2009 ). For timedomain FLIM, novel total variation-based denoising methods have been applied to both time-gated and multi-photon TCSPC FLIM. These approaches have been compared with wavelet-based denoising methods, and have shown superior results (Chang and Mycek, 2012b) ; indeed, a multi-fold precision improvement is achieved without compromising the accuracy of measurements, and even greater improvement of FLIM can be achieved when used in combination with optimal (virtual) gating (Chang and Mycek, 2010a,b, 2012a,b) .
Biological Applications
FLIM has been used to address a number of cell biology questions involving the intracellular environment. For example, this approach was used to report pH dynamics in living cells (Sanders et al., 1995; Lin et al., 2003) , suggesting that FLIM can measure the intracellular pH of resting cells, and follow the pH fluctuations inside the cells after environmental perturbations. Measurement of dissolved oxygen concentration by FLIM in single living cells has also been demonstrated (Gerritsen et al., 1997; Sud et al., 2006b) , based on the fact that the fluorescent probe can be dynamically quenched by local oxygen, thereby shortening its fluorescence lifetime (Fig. 1) . Such an approach has been extended to image oxygen levels in poly (dimethyl siloxane) bioreactors containing living C2C12 mouse myoblasts, where FLIM provided a quantitative measurement with high spatial resolution for monitoring oxygen in continuous cell culture systems (Sud et al., 2006a) . Protocols using cell lysate-FLIM measurements have also been developed to correct the in vitro calibration of a fluorescent oxygen sensor and to improve the accuracy of the method for intracellular oxygen sensing (Sud and Mycek, 2009 ). FLIM has also been employed to image NADH distribution in live progenitor stem cells (Wright et al., 2012) . When FLIM images are acquired at multiple wavelengthsÀ Ài.e., multispectral FLIM (Becker et al., 2007; Owen et al., 2007; Lloyd et al., 2010 )À Àfunctional information from multiple fluorophores can be analyzed simultaneously. With this technique, NAD(P)H and FAD, two biologically relevant molecules related to cellular metabolism, can be preferentially detected with emission less than $500 nm for NAD(P) H and greater than $500 nm for FAD (Skala et al., 2007) .
Multi-photon FLIM has been used for in vivo detection of hyperactivity and intercellular calcium waves in astrocytes from a mouse model of Alzheimer's disease (Fig. 5 ) (Kuchibhotla et al., 2009 ). Label-free, multi-photon FLIM was also employed to characterize normal human epidermis at different tissue sites in patients of different ages (Benati et al., 2011) and to monitor the metastasis and the microenvironment of mammary tumors (Provenzano et al., 2009 ); both applications demonstrate FLIM's potential clinical utility. Indeed, a recent study employed label-free multiphoton FLIM to non-invasively characterize cellular viability in engineered tissues manufactured with primary human cells (Chen et al., 2014) , demonstrating the potential of FLIM to address an unmet regulatory need in regenerative medicine. Another major biological application of FLIM involves the detection of FRET events.
FLUORESCENCE RESONANCE ENERGY TRANSFER MICROSCOPY The Theory
The theory underlying FRET was developed by Theodor F€ orster (F€ orster, 1948) . The method is a commonly used for measuring the spatial distance between two (or multiple) fluorophores. FRET can be considered an in vivo ''nanoscale ruler,'' since the distance for FRET to occur is usually within several nanometers, which is comparable to the size of many proteins, the distance within which proteins interact, the thickness of biological membranes, and the distance between sites on multi-subunit proteins. Therefore, FRET can report the distance between two distinct sites on a macromolecule, the distance between two fluorophore-tagged proteins, and hence if and how these two proteins interact in a live cell (Cardullo, 2007; Chang, 2009) .
FRET occurs when the emission spectrum of a FRET donor overlaps with the excitation spectrum of the FRET acceptor. After donor excitation, non-radiative energy transfer occurs if the donor-acceptor pair is in close proximity (i.e., the ''non-radiative decay pathway'' illustrated in Fig. 1) , as a result of long-range dipoleÀdipole interaction between the pair of molecules (Fig. 6) . While almost all current applications of FRET involve only one FRET pair, there have been developments in the analysis of multiple FRET pairs, which has the potential to simultaneously study interactions between components inside a protein complex (Sun et al., 2010; Hoppe et al., 2013) .
Genetically encoded fluorophores, most likely fluorescent proteins, are commonly used for live-cell FRET applications. Fluorescent-protein FRET probes can be made to detect the conformational change of a full-length protein (Hao and Macara, 2008) ; protease cleavage (Buranachai et al., 2008; Ouyang et al., 2008) ; binding of a protein sensory domain with its ligand (Kalab et al., 2002; Nguyen and Daugherty, 2005; Shimozono et al., 2006; Kolossov Figure 5 . In vivo multi-photon FLIM detection of globally elevated levels of resting calcium in astrocytic networks. A: Multi-photon laser illumination simultaneously excited methoxy-XO4 (blue, Ab), OGB (green, neurons and astrocytes), and SR-101 (red, astrocytes) through a cranial window. The resulting fluorescence emission was sent to either (1) a three-channel intensity-based photomultiplier tube (PMT) module or (2) a 16-channel multi-spectral FLIM detector. A single-photon counter (TCSPC) recorded fluorescence lifetime data. BÀE: fluorescence decay curves were fit with a calcium-bound lifetime (2,359 ps) and an unbound calcium lifetime (569 ps) for each pixel. The pixel data were averaged to obtain single-cell calcium levels, depicted with a calibrated color bar (in C and E). Figure adapted and reprinted with permission from Kuchibhotla et al. (2009 Kuchibhotla et al. ( ). et al., 2008 ; kinase and small GTPase activity (Miyawaki et al., 1997; Nakamura et al., 2006; Zhang and Allen, 2007; Zhong et al., 2007; Nakaya et al., 2008; Chang et al., 2009; Machacek et al., 2009; Chang and Mycek, 2012a) ; and even the movement of a protein sensory domain (Sakai et al., 2001; Tsutsui et al., 2008 ) (Some of these applications are reviewed by Kalab and Soderholm (2010) ). FRET probes with an elastic linker connecting the donor and accepter have recently made it possible to study molecular tension in the context of cell mechanics and mechanotransduction with high spatial and temporal resolution (Meng et al., 2008; Grashoff et al., 2010; Meng and Sachs, 2011; Murakoshi et al., 2011; Verma et al., 2012; Chang and Kumar, 2013; Conway et al., 2013) .
To determine how to choose the best FRET probes for a specific application, it is important to understand the factors that will affect FRET. FRET efficiency, E, is defined as the fraction of energy the donor receives during excitation that is transferred to the acceptor:
where R 0 is the F€ orster distance, at which the FRET efficiency is 50%, and R AÀD is the acceptor-donor distance. From the above equation, it can be clearly seen that the dependence of E on R AÀD is highly non-linear and strongest when the donor-acceptor distance is near R 0 ; when r ¼ 2R 0 , the energy transfer efficiency drops to only 1.56%.
There are a few factors that affect R 0 , which in turn affect FRET efficiency when the donor-acceptor distance is fixed (F€ orster, 1948) . One obvious factor is the selection of the FRET pair, particularly the overlap of the donor emission and acceptor excitation spectra. Researchers optimize FRET pairs using different fluorophores as well as variants of the same fluorophore or with various linker sizes (Komatsu et al., 2011; Lam et al., 2012; Fritz et al., 2013) . Currently, the most commonly used FRET pairs are CFP-YFP variants, mTFP1-YFP variants, and GFP-RFP variants. Recently, the relative orientation of the FRET pair has been given more attention due to its direct impact on R 0 . For example, intramolecular FRET exhibits some non-zero background FRET signal since the donor-acceptor pair is kept at a certain distance just outside the sensitive range of FRET; in theory, this background can be completely removed if the donor-acceptor dipole orientation is perpendicular. Optimization of FRET probes based on fluorophore orientation, e.g., by taking advantage of protein circular permutation, has been studied by several research groups Fritz et al., 2013) , while other FRET probes that are based solely on fluorophore orientation rather than distance have also been developed .
FRET is one of the factors that can influence fluorescence lifetime since the donor lifetime decreases while acceptor lifetime increases when intermolecular energy transfer occurs. One of the most favorable advantages of FLIM-based FRET detection is that only donor lifetime needs to be determined to quantify the FRET response (Pelet et al., 2006; Chang et al., 2007; Zhong etal., 2007; Chang et al., 2009; Padilla-Parra and Tramier, 2012) . While this is similar to fluorescence intensity-based FRET detectionÀ Àwherein the donor fluorescence intensity decreases when FRET occursÀ Àoverall donor emission can easily be affected by donor concentration, possible bleed-through from the acceptor, as well as other intensity-based artifacts (see ''Fluorescence Lifetime Imaging Microscopy: The Principles''), none of which influence donor fluorescence lifetime (Pelet et al., 2006; Chang et al., 2007; Zhong et al., 2007; Chang et al., 2009; Padilla-Parra and Tramier, 2012) .
FLIM-based FRET detection is now commonly used in cell biology (Maeder et al., 2007; Murakoshi et al., 2011; Lin et al., 2012; Liu et al., 2012; Stirnweiss et al., 2013; Zimmermann et al., 2013) . One example involves the detection of GRB2 dimerization in the cell and on the plasma membrane (Fig. 7) , with fluorescencelifetime histograms clearly distinguishing the dimer and monomer subpopulations . FRET detection can be performed in either time-domain or frequency-domain FLIM, and the phasor approach to FRET analysis and detection based on frequency-domain FLIM has recently been developed (Hinde et al., 2012) , providing visualization of high-FRET and low-FRET components (Fig. 8) . Figure 6 . FRET occurs over short molecular distances. Energy transfer efficiency falls off inversely as the sixth power of the separation distance (R). The distance at which the energy transfer efficiency is 50% is defined by R o , which is a characteristic of the spectroscopic properties of the donor and acceptor fluorochromes. In most cases, a separation of more than 50 Ångstroms will yield very low energy transfer efficiencies whereas separations on the order of 30 Ångstroms or less can be detected by either steady-state mechanisms (quenching of the donor fluorescence and sensitized emission of the acceptor fluorescence) or a decrease in fluorescence lifetime of the donor.
Applications of FRET
Because of its exquisite sensitivity for detecting molecular interactions on the order of Ångstrom distances, FRET has been useful for monitoring a number of developmentally regulated events in single cells, tissues, and organs. Some examples that leverage the power of FRET are described below.
FRET is particularly useful for detecting associations between proteins in live cells. In neonatal rats, for example, FRET was used to elucidate the mechanism of dopamine uptake in mouse hippocampal neurons (Egaña et al., 2009) . Previous work had established that dopaminergic transmission is terminated by dopamine uptake in the brain by a dopamine transporter (DAT), but the mechanism for synaptic vesicle uptake was unknown. Using standard immunolocalization methods, it was found that both DAT and the synaptic vesicle protein synaptotagmin-3 co-localized to the post-synaptic terminals isolated from mouse striatum. To see if this association could be observed in live neurons, CFP-labeled DAT (donor) and YFP-labeled synaptotagmin-3 (acceptor) were transfected into cultured hippocampal neurons. Using FRET microscopy, it was established that there is a physical interaction between the amino termini of DAT and synaptotagmin-3, and that this close association is essential for dopamine uptake (Egaña et al., 2009) .
FRET can also be used for observing conformational changes in proteins or protein complexes within cells (Fig. 9) . In transgenic zebra fish, FRET microscopy was successfully used to monitor conformational changes in the Ca 2þ binding domain (CBD1) of the Na þ / Ca 2þ exchanger (Xie et al., 2008) . These investigators expressed CBD1 (amino acids 371À508) and labeled the amino-and carboxyl-termini with YFP and CFP, respectively (YFP-CBD1-YFP). This construct undergoes conformational changes upon binding Ca 2þ , so using FRET microscopy, as well as other constructs with sitespecific mutations that decrease Ca 2þ binding affinity to the Ca 2þ -binding domain, they could measure the corresponding abolishment of Ca 2þ -induced FRET in YFP-CBD1-YFP (Ottolia et al., 2004; Xie et al., 2008) . Real-time FRET imaging allowed the investigators to follow heart contractions in 2 day-old embryonic zebrafish, and observe an increase in YFP-CBD1-YFP FRET signal during diastole, when cytoplasmic Ca 2þ was decreased, and a decreased FRET signal during systole, when cytoplasmic Ca 2þ increased; these changes were not observed for the mutant Figure 7 . Detection of FRET by FLIM reveals GRB2 dimerization in the cell and on the plasma membrane. A: GFP-tagged GRB2 (GFP-Grb2, as FRET donor) and RFP-tagged GRB2 (RFP-Grb2, as FRET acceptor) were cotransfected into HEK293T cells, and the GFP lifetime was measured. Lifetime measurements revealed that the cells expressing both donor and acceptor GRB2 show a reduction in GFP lifetime due to FRET. Cells expressing only donor GRB2 show longer lifetimes in the absence of FRET, and act as an internal control for the FLIM experiments. The lifetime histogram reveals two average lifetime peaks corresponding to the shorter (GFP-GRB2/RFP-GRB2 dimer) lifetime, centered at 1.9 ns, and the GFP-GRB2-alone lifetime, centered at 2.2 ns (see arrows). This clearly demonstrates GRB2 can dimerize under the appropriate cellular context. Fluorescence decays were fitted with a single-exponential-decay model shown at the bottom. B: GRB2 dimers localize to the plasma membrane in the presence of FGFR2. In order to investigate if the dimeric GRB2 could localize to the plasma membrane in the presence of fibroblast growth factor receptor 2 (FGFR2), GFP-GRB2 and RFP-GRB2 were cotransfected together with the FGFR2 in HEK293T cells. FLIM measurement revealed that colocalized GRB2 forms dimers on the plasma membrane (see FLIM image). This confirms that GRB2 dimers are recruited to the cell membrane in the presence of FGFR2. Reprinted with permission from Lin et al. (2012). constructs with decreased Ca 2þ binding affinity (Xie et al., 2008) . Additional studies using FRET microscopy in this system showed that treating embryonic zebrafish hearts with the ionotropic agents ouabain and isoproterenol increased both the Ca 2þ transients and the changes in FRET signal (Fig. 9) (Xie et al., 2008) .
A recent example using FRET to measure conformational changes in a receptor was reported by two different groups working on the abscisic acid (ABA) receptor in plants. ABA is a stress hormone that, in times of water scarcity, can initiate a response to close the leaf stomata (Jones et al., 2014; Waadt et al., 2014) . Both groups designed ABA receptor reporters that function at physiologic ABA concentrations, and employed them to measuring differences in ABA responses among distinct tissues in Arabidopsis (Waadt et al., 2014) . Such exquisite sensitivity is a hallmark of FRET sensors, which allows dynamic molecular associations and changes to be monitored on short time scales.
FRET has also proven to be a powerful tool when coupled with sensors that detect changes in second messenger levels. An elegant example of such an application comes from the demonstration of how follicular cells regulate the prophase-to-metaphase transition in mouse oocytes in response to luteinizing hormone (LH) following meiotic arrest (Norris et al., 2009 ). These investigators developed both high-affinity cAMP and cGMP FRET sensors using YFP/ CFP donor/acceptor pairs. After characterizing these FRET sensors in a fluorescence spectrometer, FRET measurements were made in follicle-enclosed oocytes using a confocal microscope to monitor changes in YFP and CFP fluorescence intensities, which were used to calculate changes in YFP/CFP emission ratios at the oocyte equator in response to microinjection of either cAMP or cGMP. These studies conclusively showed that, in response to LH, cGMP levels decrease in follicle-enclosed oocytes that have not yet undergone germinal vesicle breakdown, thus triggering an increase in the activity of the primary cAMP phosphodiesterase PDE3A that quickly depleted cAMP levels to concentrations that inhibit PKA activity (Norris et al., 2009 ). The exquisite sensitivity of these FRET sensors allowed these investigators to determine that a decrease in cGMP in mouse oocytes from $1 mM to $40 nM resulted in an approximately fivefold increase in PDE3A activity, which decreased the cytosolic cAMP concentration from $700 nM to 140 nM and initiated the resumption of meiosis.
SUMMARY
Knowledge of the spectroscopic characteristics of fluorescent probes have provided a foundation for new molecular-level techniques that take advantage of the influence that local environment has on the behavior of these molecules. Combined with recent developments in imaging technology, these fluorochrome properties provide powerful tools for research in cellular and developmental biology. Specific methodologiesÀ Àincluding FRAP, FLIM, FRET, and a number of other emerging technologiesÀ Àallow investigators to make detailed observations and quantitative measurements in living cells far beyond the capabilities of standard fluorescence or confocal microscopes.
